The first Dyp-type protein was isolated in 1999 from Thanatephorus cucumeris Dec 1 (formerly Geotrichum candidum Dec 1, DyP Dec 1), a dye-decolorizing fungus [11] . The enzyme is a glycoprotein with low homology to all other known peroxidases. It has novel activity on anthraquinone dyes with low pH optimum (3.0-3.2) [12, 13] . More DyPs have been later found in prokaryotes. Although they all catalyze the oxidation of anthraquinone dyes, their primary sequence identity is low. Therefore, the DyPs are further classified into four classes from A to D (Figure 1 ). The peroxidases in Classes A, B, and C are predominantly from bacteria, while those in Class D are largely from Basidiomycota. Many bacterial DyPs have shown to be attractive biocatalysts as they can oxidize a wide range of substrates such as synthetic dyes and lignin-derived chemicals [6, 7, [14] [15] [16] .
Bacterial DyPs are a rich source of biocatalysts. For instance, a recent search of the Pfam database revealed 16 889 putative Dyp-type proteins, which are widely present in the 515 Bacteria species compared to the 38 Eukaryota species (Figure 2 ). Despite the fact that increasing amount of DyP sequence information is available, only a handful of the peroxidases are well characterized. To realize their industrial potential, it is critical to understand their properties relevant to biocatalysis. In this chapter, we review the diverse biochemical properties of the bacterial DyPs that have been characterized. Their spectral properties and kinetic features are discussed on the basis of peroxidase mechanism. The physiological roles of the DyPs are discussed in the context of functional diversity. The structural characters of the DyPs are highlighted in relation to their underlying catalytic machinery. The biotechnological applications of peroxidases are reviewed to project potential use of bacterial DyPs as more efficient alternatives. 
Biochemical properties
Bacterial DyPs catalyze the oxidation of a wide range of substrates. The most notable ones are synthetic anthraquinones such as Reactive Blue series, which are poor substrates for other peroxidases. Similar to plant peroxidases, bacterial DyPs can also oxidize azo dyes, ABTS and small phenolic compounds including catechol, guaiacol, hydroquinone (HQ) and 2,6-dimethoxyphenol. Plant peroxidases are known to catalyze sulfide oxygenation. Similarly, an A-type TfuDyP from Thermobifida fusca was reported to convert aromatic sulfide to chiral sulfoxide products [18] .
Comparing catalytic efficiency of peroxidases can be difficult since many reactions have different kinetic mechanisms, therefore entail different models [19] . Forexample, TcDyP from Thermomonospora curvata exhibits sigmodial kinetic profiles in the oxidation of ABTS and anthraquinone dyes [14] , suggesting cooperation of multiple oxidation sites like fungal DyPs and versatile peroxidases [19] [20] [21] [22] . Such a situation is simplified by fitting kinetic data to apparent saturation curves based on the Michaelis-Menten equation. The resulting apparent Michaelis constant ( ) and the apparent turnover number ( ) are used to determine enzyme selectivity, the common parameters to compare different peroxidases (Table 1) . Although DyPs from different classes have similar substrate range, fungal DyPs are generally more efficient than those from bacteria in the oxidation of ABTS and RB5. Only a few bacterial DyPs have comparable activity [14, 23] .
Many bacterial DyPs fromA-C classes can mediate the direct oxidation of lignin model compounds that requires high redox potential. TcDyP fromT. curvata [14] , DypB from Rhodococcus jostii RHA1 [6] and DyP2 from Amycolatopsis sp. 75iv2 [7] can oxidize guaiacyl glycerol-β-guaiacol ether (Figure 3, 1a , ΔE = 0.6-0.8 V vs NHE) [24] . The degradation of 1a starts with C α -C β bond cleavage, but the products can result from either degradation or polymerization, depending on the DyP and reaction conditions [6, 14] . Remarkably, some bacterial DyPs are active on nonphenolic lignin model compounds including veratryl alcohol (3, ΔE = 1.4V vs NHE), guaiacyl glycerol-β-guaiacol ether (1b, ΔE > 1.0V vs NHE), and 4-methoxymandelic acid (2, MMA, ΔE > 1.4 V vs NHE) [15, 18, 25] . Two Bacillus subtilis A-type DyPs sharing 96% primary sequence identity have also showed promising activities. BsDyP fromBacillus subtilisKCTC2023was found to catalyze the cleavage at C α -C β of 1b. This is the first example of decomposing nonphenolic dimer by a bacterial DyP [15] . BsDyP from Bacillus subtilis 168 displayed peroxidase activities against syringaldehyde (4a) and acetosyringone (4b) [26] . TcDyP was found to oxidize MMA to give anisaldehyde as the product [13] . Moreover, A-and B-type DyPs have been demonstrated to decompose Kraft lignin without redox mediators [6, 16] . Notably, biochemical studies also have shown that temperature optimum for peroxidative activity is substrate dependent in some cases. For example, in BsDyP, its maximal activities on lignin model compounds reached at 50°C, while those for low redox potential substrates appeared at 30°C. In nature, manganese peroxidase plays an important role in lignin degradation. It is a fungal enzyme that oxidizes Mn 2+ to Mn 3+ , which can diffuse in bulky lignin substrates to decompose the recalcitrant compounds. In the catalytic cycle, one equivalent H 2 O 2 oxidizes two equivalents of Mn 2+ [27] . Clearly, manganese is a highly desirable mediator for oxidative degradation of lignin with bacterial DyPs. So far, manganese activities have been found in B-and C-type DyPs (Table 1) . This activity can be critical for lignin degradation by these enzymes. For example, DypB from R. jostii RHA1 is activated by Mn 2+ by 5-23 folds toward lignin model substrates. In wheat straw lignocellulose digestion, DypB is active only in the presence of 1 mM MnCl 2 [6] . The catalytic efficiency of Mn 2+ oxidation by the DypB is only 25.1 M -1 s -1 [28] , approximately four orders of magnitude lower than that of bona fide manganese peroxidases [29, 30] . However, this efficiency is improvable by modifying the bacterial DyP. The substitution of Asn246 of DypB with Ala resulted in an 80-fold increase in the turnover of oxidation of Mn 2+ to Mn 3+ . Asn246 is the distal heme residue of DypB. This improvement is likely due to the higher reactivity of compound I, of which the half-life is shortened by three orders of magnitude by the mutation [31] . Two B-type DyP paralogs were found to be manganese active in Pseudomonas fluorescens Pf-5. One of the enzymes, DyP1B was found to degrade wheat straw lignocelluloses upon addition of Mn 2+ . So far, the most manganese-reactive DyP is the C-type DyP2 from A. sp. 75iv2 [7] , whose / value is 1.2 × 10 5 M -1 s -1 (Table 1) , approaching the activity of fungal manganese peroxidases and versatile peroxidases [32, 33] . These examples strongly support that manganese can facilitate lignin degradation by bacterial DyPs as the redox mediator.
In addition, several bacterial DyPs can catalyze a few extraordinary reactions. DyP2 catalyzed the conversion from MMA to anisaldehyde. This reaction is mediated by Mn 2+ , and one additional equivalent of oxygen is required [7, 34] . An A-type DyP was proposed to catalyze deferrochelation, the removal of iron from heme for iron transportation and uptake [35] . Fungal DyPs also have shown oxygenase or hydrolase activities [36] , however, these activities have not been found in hitherto characterized bacterial DyPs. Taken together, bacterial DyPs have been shown to be a group of catalytically versatile peroxidases.
Physiological roles of bacterial DyPs
Based on their reactivity as well as their genomic context, bacterial DyPs have been proposed to fulfill various physiological roles. For example, a putative A-type DyP (VNG0798H) from Halobacterium salinarumhas been suggested to be involved in regulatory machinery for oxidative stress. This protein was upregulated by reactive oxygen species in the native strain, and the survival rate for its knockout mutant was reduced by 99.9% upon addition of 25 mM H 2 O 2 [41] . A study on E. coli gene expression profile showed that the transcription of efeUOB(ycdNOB) operon is enhanced in acidic stress [42] . Later study suggested that EfeB (YcdB) and its paralog YfeX(B-type DyP) function are dechelatases for bacterial iron acquisition from heme, as their overexpression resulted in the accumulation of protoporphyrin IX (PPIX) [35] . This notion is supported by the genomic context, as efeB is downstream after efeU and efeO, which encode a high-affinity iron transporter and an iron uptake component, respectively. However, purified EfeB does not catalyze iron removal from hemin, suggesting that other mechanismsmight be involved in the deferrochelation activity [43] . The function of YfeX as a deferrochlatase is also controversial. It has been proposed to be a porphyrinogen oxidase based on its activity on protoporphyrinogen IX and coproporphyrinogen III [44] .
The location of an enzyme also provides clues to its physiological role. A-type DyPs are predicted as periplasmic proteins due to their unique N-terminal twinarginine translocation (TAT) signal peptides for translocation. So they may fulfill different roles from the DyPs in other classes. Still, this rule is not general as only some A-type DyPs have been experimentally confirmed as TAT substrates [18, 45] .
DypB, the B-type DyP from R. jostii RHA1, has been shown to oxidize polymeric lignin and lignin model compounds. Also, deletion of dypB gene in R. jostii RHA1 reduced lignin degradation activity [6] . Still, other evidence suggested that the physiological role of DypB may not be associated with lignin degradation [46] . For example, R. jostii RHA1 cannot grow on lignin as sole carbon source. The gene dypB homologs are found to be co-localized and probably co-expressed with enc in many bacteria including R. jostii RHA1 [47] [48] [49] . The gene enc encodes encapsulin, a bacterial icosahedral nanocompartment, which can encapsulate functional proteins such as ferritin. Therefore, the role of DypB remains to be clarified.
C-type DyPs are more efficient catalysts than those in A-and B-type. They displayed comparable manganese peroxidase activity to those of plant peroxidases [7] . The biochemical properties suggest that C-type DyPs are more likely to function as lignin-degrading peroxidases. However, their genes are organized in highly diverse genomic contexts, suggesting many different roles in biological processes. The identification of natural substrates for these enzymes will be critical to unveil their physiological roles.
Catalytic mechanism of bacterial DyPs
Bacterial DyPs have been proposed to employ the mechanism similar to that of classical peroxidases [13, 36] . The catalytic process typically requires two single-electron oxidation. In the first step, a resting ferric enzyme The transition of the π-electrons in peroxidase porphyrin generates unique UV-Vis spectrum. Like other heme containing peroxidases, the electronic adsorption spectra of DyPs have Soret band, Q (α and β) and charge transfer (CT) bands as shown in Figure 5 . The change of microenvironment of porphyrin usually causes the shift of these bands. This change offers important opportunities to study the mechanism in peroxidase catalytic cycle, including characterizing the reaction intermediates, measuring the rate of their formation and transformation, and the significance of amino acids in the active sites. The sh and ND mean a shoulder peak and not detectable, respectively. In theory, adding H 2 O 2 to resting state DyP causes the formation of compound I. The formation of compound II from compound I is carried out by adding one equivalent of one-electron reductant. The addition of second equivalent reductant can convert compound II back to the resting state. Compound I and compound II can be distinguished by electron paramagnetic resonance (EPR) since it has an unpaired electron. So far, only a few bacterial DyPs have been studied for reactive intermediates with UV-Vis (Table 1) . In reality, however, the mechanism is much more complicated. Upon reacting with one equivalent of H 2 O 2 , the D-type DyP from T. cucumeris Dec 1 underwent intensity change of Soret peak and emergence of new peaks in Q bands and CT band in 0.2 min, suggesting the formation of compound I. Adding one more equivalent H 2 O 2 did not cause additional changes. However, the enzyme returned to resting state after 20 min, suggesting that compound I is reduced [13] . [28] .
TcDyP, the A-type peroxidase from T. curvata is more systematically studied with UV-Vis spectroscopy [14] . The spectral transition was measured for the reaction of TcDyP with H 2 O 2 . Fitting multiwavelength data revealed the formation of two intermediates: one is compoundI (TcDyP-I), and the other is proposed to be a compound II-likedecay product (TcDyP-II like) ( Figure 6 (a) ). In the formation of TcDyP-I, there is a decrease of the Soret band absorption at 406 nm. By using this change, the second order rate constant was determined to be 5.92 × 10 6 M -1 s -1 at pH 7.8. At pH 3.0, this rate was marginally reduced to 4.06 × 10 6 M -1 s -1 . Although this trend is similar to that of DypB [28] , TcDyP-I formation is about 30 fold faster than that of horseradish peroxidase (1.7 × 10 6 M -1 s -1 ) [52] . Compound II-like decay product of TcDyP could be a protein radical that has been observed in many heme peroxidases [53, 54] . Intriguingly, the transient intermediates spontaneously returned to the resting state, a phenomenon that has been reported in other DyPs and peroxidases [13, 55] . The formation of compound II of TcDyP was achieved by using one equivalent hydroquinone (HQ) to reduce TcDyP I. A second equivalent of HQ converted TcDyP-II back to resting state. The rate for TcDyP-II formation was determined at 416 nm (TcDyP-II Soret band, pH7.8), while that for TcDyP-II reduction was measured at 406 nm (TcDyP-0 Soret band) (Figure 7 ). The reduction of TcDyP-II to regenerate TcDyP-0 turned out to be the slowest step in HQ-oxidation. In the full catalytic cycle of TcDyP, compound II reduction is the rate-limiting step. It is noteworthy to mention that UV-Vis spectroscopy has its limitation to study peroxidase mechanism when the Soret band overlaps with the spectrum of a dye substrate such as ABTS. This issue can be mitigated by incorporating additional reaction to eliminate absorption change due to ABTS oxidation [56] .
Structure-function relationship in bacterial DyPs
Bacterial DyPs are mainly assembled in dimers, while fungal DyPs are exclusively monomers. Sequence analysis indicates that fungal DyPs have numerous C-terminal insertion sequences, which are postulated to prevent the enzymes from dimerization [60] . In bacterial DyPs, the dimerization is usually caused by hydrophobic interaction between monomers. Higher order oligomerization has also been observed ( Table 2 ). The dimer of BtDyP fromBacteroides thetaiotaomicron VPI-5482 further associates to form a hexamer, mainly via hydrophobic interaction [58] . Nevertheless, there are exceptions to the dimeric organization. TfuDyP fromT. fusca, an A-type DyP, is active as a monomer, suggesting that dimerization may not involve the DyP activity [18] . DyP2 is a C-type DyP from Amycolatopsis. Dynamic light scattering measurement suggested that the enzyme existed as oligomer in solution. In crystallization, this enzyme existed as a dimer with no strong interaction at the interface. The physiological organization of DyP2 is inconclusive due to the discrepancy between the experiments [7] . DyPs are very different from classical peroxidases, which are primarily α-helical proteins [61] . All DyPs share an α + β ferredoxin-like fold that resembles the tertiary structure of chlorite dismutases (Clds) [61] . Therefore, DyPs and Clds (like) proteins have been proposed to constitute a new superfamily even though they have no significant sequence identity [10] . The bacterial DyP protomer is divided into two ferredoxin-like domains: an N-terminal domain and a larger C-terminal domain. Each domain consists of a four-stranded antiparallel β-sheet surrounded by α-helices. The conserved topology in each domain may reflect the result of gene duplication. In accordance with the 1 : 1 stoichiometric ratio, each subunit has one heme B binding to the C-terminal domain. Structure-based pairwise alignment of DyPs from different types revealed that they share relatively low identity (Dali Z-score < 32, root mean square deviation > 2.5Å). However, critical residues in β-sheet cores (heme binding pocket) are highly conserved (Figure 8 ) [62] . At the reactive site, the most critical residues are the axial ligands for the heme. In all DyPs, the heme iron is coordinated to the N ε atom of a proximal histidine in C-terminal domain, and the N δ atom of the proximal ligand is in hydrogen bonding distance to the carboxylate of an acidic residue (Asp or Glu). It is very reminiscent of a widespread motif of Fe-His-Asp triad in metalloenzymes [63] . The interaction between aspartic acid and histidine has been proved to be critical to the push and pull effect involved in compound I formation in several peroxidases [64] . Therefore, replacing the proximal histidine is expected to reduce the peroxidase activity due to ligand loss. Site-directed mutagenesis analysis in TfuDyP supported this proposition: the substitution of histidine with alanine abolished heme binding, and the distinctive Soret band disappeared [18] . Similar mutation in TcDyP also caused the loss of activity, but detailed study revealed different mechanism. Based on transient kinetics, the H312A mutant was able to form compound I and II with the activities comparable to those found in the wild-type enzymes. However, the mutant cannot be reduced from compound II to the resting state with HQ. Hence, H312A cannot complete a catalytic cycle. The wild-type TcDyP and the H312A mutant have very similar spectral features for all intermediates (TcDyP-0, TcDyP-I, and TcDyP-II) (Figure 6 (d) ), suggesting that the function of H312A was partially rescued by the other residues in the region [14] . Indeed, the H312 is located on a short α-helix between two large loops (G276-A311 and H317-P329) in the homology model ( Figure 9 ) [14] . The high structural flexibility in this region may allow other residues to fill the role of the proximal histidine in H312A to carry out the catalysis to the stage of compound II. On the distal face of the heme, bacterial DyPs have three highly conserved residues including an aspartate, an arginine and a phenylalanine (Figure 8 (c), (d) , and (e)). For DyP Dec1 from T. cucumeris Dec1, the mutant D171N lost reactivity with H 2 O 2 as indicated by UV-Vis spectroscopy [13] . The conversed aspartate residue is proposed to function as an acid-base catalyst by accepting a proton from the peroxide prior to forming compound I [13] . This role is equivalent to that of the distal histidine in cytochrome c peroxidase [63] or that of glutamate in chloroperoxidase [65] . This notion is also supported by the fact that all bacterial DyPs have pH optima around the pKa of the carboxylate of the aspartic acid [8] . However, the mutation study with DypB from R. jostii RHA1 suggested that the conserved aspartate is not essential for peroxidase activity. The D153A mutant can catalyze the formation of compound I just as efficiently as the wild-type enzyme, although the stability of compound I was dramatically reduced [66] . Indeed, the aspartate residue is most likely to play divergent roles in DyPs. The role of the conserved arginine is also under debate. In DyP Dec 1, the guanidine of R329 is proposed to stabilize the negatively charged peroxide during O-Ofission [13] . For DypB from R. jostii RHA1, the R244L mutation prevented the formation of compound I, indicating that the conserved arginine plays an essential role in catalysis [66] . The position of the conserved arginine suggests additional functions. Based on the available DyP structures, the arginine is the closest residue to the heme iron (~4.3 Å), and forms a hydrogen bond with the propionate moiety on pyrrole D in a bent conformation (Figure 8 (d) , (e), and (f)). This particular conformation suggests that the arginine helps to position the heme in the active site.
Spectroscopic study of DyPs in solution shows that resting state DyPs contain high-spin, penta-coordinated hemes. In crystal structure, however, the sixth coordination site on the distal face is occupied by varying species. The DypB heme had an iron-coordinated solvent species [28] , while the heme iron in EfeB bounded to an oxygen molecule [43] . Their presence may not represent the native state as protein crystallization and X-ray structure determination may create artifacts [67] .
It is unclear how heme is incorporated into the deeply buried cavity in DyPs. Structural alignment of apoTyrA (PDB code 2HAG) and holo-TyrA (PDB code 2IIZ) revealed little change upon heme binding except side chain rotation in several residues [38] , suggesting that other factors are likely involved in heme insertion. It has been found that the heme binding pocket in DyPs is usually surrounded by a long flexible loop that bridges the N-and C-terminal domains. In EfeB, the loop include residue 222-243 [43] , while in TcDyP, the equivalent loop include residue 200-229, both at the confluence of the two domains ( Figure 9 ). The flexibility of this loop comes from the relative movement of the two domains, and is speculated to contribute to not only heme incorporation, but also the catalytic turnover [43] .
In EfeB, the heme is situated at the end of a propionate channel on the proximal side [43] . The name comes from the fact that the two propionic acid moieties of heme adopt outward orientation. This channel is proposed to be a common substrate access route for small substrates, as it is observed in all characterized DyPs (Figure 9 ). Some DyPs also have an additional distal channel, but it is relatively narrow, therefore can only accommodate even smaller substrates. In handling bulky substrates such as lignin polymer or dyes, another mechanism is needed.
Structural study provides insight to the mechanism of Mn 2+ oxidation. Manganese plays a critical role in lignin degradation as a diffusible mediator that can access the interior of the polymer. Kinetic study shows that B-and C-type DyPs can employ Mn 2+ /Mn 3+ interconversion to mediate lignin oxidation. In DypB-N246A, the bound manganese is 4.2Å away from the heme, a distance similar to those found in fungal manganese peroxidases [68] . It is probably oxidized in the Fe-heme site, although Mn 2+ is directly coordinated by solvent species instead of the typical acidic residues [31] . By contrast, in DyP2, the Mn 2+ cannot be oxidized directly by the iron as it is held by carboxylates of three glutamic acid residues that are~16Å away from the heme [7] . A long distance electron transfer (LRET) mechanism has therefore been proposed for DyP2, since a midway Tyr188 can facilitate electron relay as suggested by the mechanism in a di-heme peroxidase [69] .
A LRET mechanism may also play an important role in DyP catalysis for bulky substrates such as lignin or synthetic dyes, since they are occluded from the deep buried heme center. For Kraft lignin degradation, structural analysis suggests that DypB may employ a radical relay network between the protein surface and the active site [28] . Stronger evidence comes from the systematic study of the DyP from Auricularia auricula-judae, a common fungus that grows on wood. In the oxidation of Reactive Blue 19, the enzyme mainly employs Trp377 as the oxidation site at the beginning of an LRET pathway. The turnover involving the LRET mechanism showed a turnover of 200 s -1 , proving its importance over the direct heme access route, which showed a turnover of 20 s -1 [20] .
Biotechnological opportunities
Bacterial dye-decolorizing peroxidases emerge as a promising biocatalyst by offering many advantages over fungal DyPs and classical peroxidases. Advances in next-generation sequencing and metagenome provide a vast variety of bacterial DyPs that potentially have novel activities. Many characterized enzymes have already shown efficient activities toward an array of substrates, including recalcitrant dyes and lignin model compounds. They also display maximal activities under acidic conditions, permitting facile integration with lignocellulose hydrolysis under acidic conditions. As prokaryotic proteins, they are easier to optimize via protein engineering, and can be synthesized in high yield in standard E. coli expression systems [70] [71] [72] . Taken together, bacterial DyPs are attractive tools for biotechnological applications.
Lignin valorization and fine chemicals
Lignin in cell walls is the second most abundant biopolymer after cellulose which comprises 25% of plant biomass on average. Large quantities of lignin are generated as a byproduct from pulp and paper manufacture via the Kraft process. Potentially even larger amounts of lignin will be produced in the biofuel industry. It has been estimated that by 2022 the US bioethanol industry will generate about 60 million tons of lignin annually [1] . Power production from lignin combustion is one of the easiest ways to use lignin byproduct, but the value of energy from this approach is very low. Lignin is expected to become an alternative feedstock for aromatic chemicals, most of which are currently derived from the BTX process in the petroleum industry.
Industrial biotechnology is expected to make great contributions to lignin valorization, which involves lignin depolymerization into small molecules and transforming them into value-added products [73] . In nature, lignin is degraded by extracellular lignin or Mn peroxidases to give a plethora of aromatic molecules [74] . These aromatics include β-Aryl ethers, biphenyls, diaryl propanes, pinoresinols, phenylcoumaranes, and ferulic acid, etc. They are mediated by their dedicated pathways to give mono-aryl compounds. These compounds are degraded by the β-ketoadipate pathway, via either protocatechuate branch or catechol branches, to give β-ketoadipic acid as the common intermediate before joining the central metabolism i.e. the TCA cycle [75, 76] .
Industrial biotechnology allows integration of lignin depolymerization with further transformation, thereby permitting direct conversion of lignin into useful products. This is a distinctive advantage over chemical processes, in which lignin needs to be depolymerized into process compatible monomers. In the Gram-positive soil bacteriumR. jostii RHA1, knocking out the vanillin dehydrogenase gene enabled vanillin production directly from wheat straw [77] . The peroxidases were not only responsible for lignin degradation, but also produced the vanillin product from β-aryl ethers via the peroxidation reaction [6] . The mutant strain produced up to 96 mg/l vanillin after six days when grown on minimal medium supplemented with 2.5% wheat straw lignocelluloses. In a different strain of R. jostii RHA1, aromatic dicarboxylic acids can be produced directly from lignin by introducing exogenous genes of protocatechuate 4,5-dioxygenase (LigAB) or protocatechuate 2,3-dioxygenase (PraA) to work with DypA and DypB in aryl cleavage [78] .
Lignin depolymerization gives a heterogeneous mixture, thus presenting a barrier to producing homogeneous product via biotransformation. This problem can be overcome by a biological funneling strategy, in which the diverse aromatics are catabolized to give a common intermediate, which can be used by the same organism to produce useful products. Gram-negative bacterium P. putida KT2440 is a natural aromatic-catabolizing organism with a diverse metabolic repertoire which can transform diverse aromatics from lignin depolymerization to join the β-ketoadipate pathway. It showed the ability to produce medium chain length polyhydroxyalkanoates (PHA) from pretreated lignin enriched biomass [79] . To enhance muconate production, this strain was improved by genetic manipulation involving deletion of genes encoding PcaHG and CatBC and insertion of genes encoding AroY and Dmp-KLMNOP [80] . The engineered strain could use lignin as the substrate, and reached the highest muconate yield of 13.5 g/l in fed-batch mode using p-coumarate as a carbon source.
Dye decolorization in wastewater treatment
Synthetic dyes are chemically stable xenobiotics that are used in the manufacture of textiles, cosmetics, food and pharmaceuticals. The dye-contaminated wastewater needs to be treated before its discharge into the environment. Every year over 10 5 tons of dyes were released into wastewater stream [81] , of which azo and anthraquinonic dyes are the major components. Treating wastewater presents a great opportunity for biological decolorization.
Bacterial DyPs have shown up to 40-fold higher decolorizing activities than other dye-degrading enzymes including laccase and azoreductase [26] . In the oxidation of a recalcitrant dye RB5, the catalytic efficiency reached as high as 1.2 × 10 7 M -1 s -1 . Some DyPs have broad substrate specificities. For example, PpDyP from P. putida MET 94 and BsDyP from B. subtilis have similar activities towards azo and anthraquinonic dyes [26] . The degradation pathway has only been studied for RB5 degradation [36] . Analysis of the peroxidation with DyP Dec1 showed that the products from RB5 included three major products, including two red-brown compounds and phthalic acid. Adding TcVP1, a versatile peroxidase from the same organism further rendered red-brown products colorless [82] . These results suggest that the decolorization of RB5 may involve two consecutive enzyme reactions in T. cucumeris Dec 1. There are only a limited number of known enzymes that can efficiently decolorize industrial dyes [83] . Discovery of new DyPs, and integration of multiple enzyme reactions in one organism should provide many options for dye decolorization and detoxification [84] .
Other potential industrial applications
The exploration of novel antimicrobial therapeutics is critical as a public health crisis has often arisen from issues surrounding antibiotic-resistant pathogens. A-, B-, and C-type DyPs are predominantly found in bacteria. They are absent in higher eukaryotic organisms. For very few known bacterial DyPs, their role can be unique and critical. EfeB plays a key role in iron acquisition as a deferrochelase in E. coli [42] . It may serve as a target for antimicrobial drug development [43] .
In the oxidation of peroxidase by hydrogen peroxide, the oxidation state of Fe is changed from III to IV. Direct reduction of the oxidized Fe(IV) to Fe(III) with electric current provide the basis for amperometric determination of H 2 O 2 concentration [85] . In sensor development, the peroxidase is immobilized on the electrode, so that the signal transduction takes place directly between the enzyme and the electrode. Historically, horseradish peroxidase is the most popular enzyme for H 2 O 2 sensor development because it is a well-studied enzyme. As alternatives to horseradish peroxidase, bacterial DyPs offer all the advantage as prokaryotic enzymes. Recently, B-type PpDyP was immobilized on Ag electrodes, and was found to have efficient electro-catalytic activity towards the peroxide [86] . Raman spectroscopic analysis revealed that the immobilized PpDyP preserved structural integrity of heme environment, which however was often destabilized in other enzymes upon immobilization [87, 88] . This result should encourage more work to explore the advantages that DyPs may offer.
Conclusions and perspectives
Bacterial DyPs are novel heme peroxidases with highly diversified substrate specificities and physiological roles. Although they are structurally distinct from classical peroxidases, they share the same mechanism that involves the typical intermediates at different oxidation stages. Kinetic study contributes to the understanding of catalytic mechanism, substrate selectivity, and roles of amino acid residues in enzyme catalysis. In the active site of DyPs, the conserved amino acid residues at the distal side of heme are unique, including an aspartate, an arginine, and a phenylalanine. Their roles in catalysis have been speculated to be acid/ base catalysis, charge stabilization, or even heme positioning based on the study in a few bacterial DyPs. The Mn activity found in B-and C-type DyPs is significant for their activity on lignin degradation. The mechanism, which may involve long range electron transfer, is unique and important for the oxidation of bulky substrates. Therefore it deserves more comprehensive study.
Although the diversity of bacterial DyPs is well recognized, only a limited number of them are well characterized in terms of biochemical property. The physiological roles of these DyPs are not necessarily related to their peroxidase activity as shown by their biochemical property and genomic context.
Increasing numbers of DyPs have been found in the search for biocatalysts in industrial applications including synthetic dye degradation or lignin valorization. Finding the right biocatalysts depends on the diversity in the pool of bacterial DyPs. Many more unique DyPs are expected to be found in metagenome sequences from diverse environments. For process development, the operational performance of a peroxidase is expected to be improved by in vitro evolution. Together, these activities should enable the practical application with bacterial DyPs.
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